Introduction
============

The realization of the extent to which microorganisms develop on surfaces, as matrix-enclosed communities has increasingly moved the interest of microbial ecology from planktonic to biofilm communities over the last decades (Costerton and Lewandowski, [@b13]; Hall-Stoodley *et al*., [@b20]). Biofilms dominate microbial life in numerous aquatic ecosystems where they orchestrate key biogeochemical processes (Battin *et al*., [@b2]; [@b3]). Biofilms are also important agents of biofouling and biocorrosion in technical systems (Bixler and Bushan, [@b8]) and account for numerous persistent and chronic infections (Costerton *et al*., [@b14]; Hall-Stoodley *et al*., [@b20]; Percival *et al*., [@b34]). It is notably the recognition of the role biofilms play in medical and technical systems, which has boosted biofilm research over the last decades with a clear focus on monospecies bacterial cultures grown *in vitro* (Costerton and Lewandowski, [@b13]; Costerton *et al*., [@b14]; Hall-Stoodley *et al*., [@b20]; Percival *et al*., [@b34]). This approach is now shifting towards multispecies bacterial biofilms if possible grown under more realistic *in vivo* conditions (Hibbing *et al*., [@b21]; Elias and Banin, [@b18]; Rendueles and Ghigo, [@b38]).

The ability of biofilms to form highly differentiated architectural structures is thought to be an ancient and integral characteristic of microorganisms, which over evolutionary time has lead to strategies of microorganisms to optimize growth even in adverse environments (Costerton and Lewandowski, [@b13]; Stoodley *et al*., [@b46]; Hall-Stoodley *et al*., [@b20]). Biofilms, whether monospecies or multispecies bacterial communities or even more complex communities, also including algae, protozoa and non-living particles as occurring in streams or tidal flats, can form reproducible architectures across scales. Mushroom-like caps, microcolonies with pores and channels (Parsek and Tolker-Nielsen, [@b32]), filamentous streamers (Stoodley *et al*., [@b45]), and even quasipolygonal or reticulated geometries (Stoodley *et al*., [@b45]; [@b46]; Battin *et al*., [@b3]; Cogan and Wolgemuth, [@b12]; Parsek and Tolker-Nielsen, [@b32]; Baum *et al*., [@b5]; Xavier *et al*., [@b56]; Shepard and Sumner, [@b39]; Elias and Banin, [@b18]) figure among the most commonly observed architectures of microbial biofilms. An enduring question remains, what are the key forces driving biofilm structural differentiation (i.e. morphogenesis) and resulting architectures? Addressing this question is fundamental as morphogenesis can determine functional properties of biological systems (Bourgine and Lesne, [@b10]). Notably the spatial organization of biofilm architecture at the mesoscale (millimetre range) is recognized to affect biofilm functions and, well beyond, even ecosystem and engineering processes (Battin *et al*., [@b3]; Morgenroth and Milferstedt, [@b30]; Wagner *et al*., [@b49]). Understanding biofilm morphogenesis may also be helpful to unveil the success of the biofilm mode of life as biofilm function is tightly connected to architecture.

Over the last decades, various conceptual and theoretical models were put forward to explain biofilm formation and structural differentiation (Wimpenny and Colasanti, [@b54]; Picioreanu *et al*., [@b36]; [@b35]; Kreft *et al*., [@b25]; Stoodley *et al*., [@b46]; Parsek and Tolker-Nielsen, [@b32]; Monds and O\'Toole, [@b29]). For instance, the developmental model (Monds and O\'Toole, [@b29]) proposes genetic networks to guide phase transition in biofilm formation and emphasizes selection for the evolution of cooperation between microorganisms. Alternative models propose that stochastic interactions of microorganisms with the environment shape biofilm structure and function; here, biofilm morphogenesis is supposedly driven by selection in dynamic environments (Monds and O\'Toole, [@b29]; Xavier *et al*., [@b56]). Mathematical studies have related biofilm architecture to the availability of nutrients, carbon and oxygen, which ultimately results from the interplay between replenishment and uptake, processes that are linked to hydrodynamics (Wimpenny and Colasanti, [@b54]; Picioreanu *et al*., [@b36]; [@b38]; Kreft *et al*., [@b25]; Cogan and Keener, [@b11]; Klapper and Dockery, [@b24]). The hydrodynamics of the bulk liquid above the biofilms affects solute replenishment (Picioreanu *et al*., [@b36]; Battin *et al*., [@b3]) and, at the same time, imposes a physical control on architectural differentiation (Battin *et al*., 2003; 2007[@b3],[@b4]; Hall-Stoodley *et al*., [@b20]). For instance, turbulent flow induces the formation of filamentous streamers oscillating in the water, whereas laminar flow seems to favour the formation of largely isotropic microcolonies (Stoodley *et al*., 1999; 2002[@b45],[@b46]; Hall-Stoodley *et al*., [@b20]). Furthermore, as purported by the emerging field of sociomicrobiology, the balance between microbial growth and competition for nutrients, including cell motility, may also contribute to the emergence of higher order biofilm structures from individual clusters (Picioreanu *et al*., [@b35]; Xavier *et al*., [@b56]; Mabrouk *et al*., [@b28]).

By experimenting with complex biofilms under quasinatural flow and by applying a mathematical model, we study physical and demographic mechanisms that possibly underlie biofilm morphogenesis and mesoscale architectures in contrasting hydrodynamic microenvironments. Experiments were conducted in 40 m long streamside flumes where biofilm communities could assemble from the natural microbial communities suspended in the stream water (Besemer *et al*., [@b7]). In these flumes, graded bedforms (*n* = 40) induced reproducible flow landscapes typical of low-submergence headwater streams. Within these landscapes, we compared biofilm morphogenesis at the bedform crest and in the trough between consecutive bedforms as two contrasting and well-defined hydrodynamic microenvironments. We deliberately included into our study other biofilm components beside prokaryotes (i.e. bacteria and archaea), such as algae and non-living particles, as these are common in stream biofilms. Furthermore, we purposely focused on the dynamics of individual clusters such as microcolonies, but also single cells and non-living particles, as they are the fundamental building blocks of biofilms. Biomass clusters have traditionally received attention to study mass transfer phenomena and both chemical and microbial heterogeneity in biofilms (Stoodley *et al*., [@b44]; Stewart, [@b42]; Stewart and Franklin, [@b43]).

Results
=======

Hydrodynamic microenvironment
-----------------------------

The hydrodynamic microenvironments in our flumes were characterized by high-resolution mapping of the three-dimensional flow velocity using Acoustic Doppler Velocimetry (ADV). At the bedform crests, flow was unidirectional with velocities averaging 0.13 ± 0.01 m s^−1^ (Fig. [1](#fig01){ref-type="fig"}A). In the trough between consecutive bedforms, an eddy imposed multidirectionality on the flow, including a pronounced vertical dimension, and with overall reduced average flow velocity (0.04 ± 0.01 m s^−1^). These velocities are typical for headwater streams where microbial biofilm impact is significant (Battin *et al*., [@b3]) but remarkably higher than flow velocities applied in laboratory-based flow chambers used to grow model bacterial biofilms (Bakker *et al*., [@b1]; Zhang *et al*., [@b58]). Turbulent shear stress, calculated for the downstream flow direction, was higher in the trough (0.82 ± 0.19 N m^2^) than in the crest (0.63 ± 0.06 N m^2^). Similarly, turbulence intensity as a measure of the temporal variation (fluctuation) of turbulent shear stress was also five times higher in the trough than at the crest (see Hödl *et al*., [@b23]) for further details on fine-scale hydraulics. Overall, the flow environment at the crest is characterized by higher flow velocities but by more constant conditions than in the trough. In these contrasting hydrodynamic microenvironments, we monitored the morphogenesis of nascent biofilms over 13 days (Fig. [1](#fig01){ref-type="fig"}B,C). Microbial biomass on days 4 and 12 did not significantly differ between both flow environments ([Table S1](#sd1){ref-type="supplementary-material"}).

![Characterization of flow velocity and biofilm clusters in two contrasting hydrodynamic microenvironments.A. Frequency distributions of three-dimensional flow velocity (*x*, *y* and *z* axes) as determined by Acoustic Doppler Velocimetry at the crest and in the trough of graded bedforms.B. Microphotographs of biofilm clusters at day 1 and at day 13 at the crest and in the trough.C. Growth patterns of biofilm clusters at the crest and in the trough of graded bedforms.](emi0016-0802-f1){#fig01}

Cluster dynamics and biofilm morphogenesis
------------------------------------------

Initially, small isotropic clusters (average surface area: crest, 7.62 ± 0.29 μm^2^; trough, 14.61 ± 6.37 μm^2^) characterized biofilms both at the crest and in the trough. These initial clusters, consisting to a large extent of individual prokaryotic and algal cells, but also of non-living particles, constitute the seeding material from the water column that continuously deposits onto the benthic surfaces. As these initial clusters proliferate, their shape increasingly becomes anisotropic. At the crest, clusters developed 'ripple-like' pattern parallel to the prevailing direction (*x-*axis) of the water flow. In the trough, however, 'star-like' clusters characterized biofilm architecture, obviously reflecting the multidirectional water flow in this microenvironment.

To further explore the transition from isotropic to anisotropic clusters, we quantified the shape of clusters and their temporal dynamics (Fig. [2](#fig02){ref-type="fig"}). This was achieved by analysing how the cluster perimeter scales with the cluster surface area for both seeding (\< 130 μm^2^) and proliferating (\> 130 μm^2^) clusters. The expected exponents for idealized isotropic and anisotropic growth were derived from basic geometries, an exponent of 0.5 describes isotropic growth, whereas exponents larger than 0.5 indicate increasing anisotropic growth (Supporting Information). Deviation from isotropy of seeding clusters did not change during colonization. However, scaling exponents were significantly (paired *t*-test: *t*~df:11~ = 3.69, *P* \< 0.01) higher in the trough (average ± standard deviation 0.57 ± 0.01) than at the crest (0.56 ± 0.02). Scaling exponents of proliferating clusters were consistently higher than those of the seeding clusters but did not differ significantly (paired *t*-test: *t*~df:6~ = 0.86, *P* = 0.88) between crest and trough. This indicates anisotropic growth already during initial colonization but without any clear effect of hydrodynamics at this stage. After a transition phase around day 6, anisotropy became more pronounced for the growing clusters with slightly but significantly (paired *t*-test: *t*~df:6~ = 3.64, *P* \< 0.05) higher scaling exponents at the crest (0.74 ± 0.05) than in the trough (0.72 ± 0.02). This pattern reflects the elongated growth at the crest and the star-like growth in the trough.

![Transition from isotropic to anisotropic biofilm clusters in contrasting flow environments. Green symbols refer to the clusters at the crest, and blue symbols refer to clusters in the trough; dark colours refer to cluster smaller than 130 μm^2^ considered as seeding material, and light colours refer to clusters larger than 131 μm^2^ subject to growth. The scaling exponent describes the relationship between cluster surface area and perimeter, and describes departure from isotropy (Supporting Information).](emi0016-0802-f2){#fig02}

To further explore biofilm morphogenesis, we analysed the temporal dynamics of biofilm spatial coverage, cluster abundance and cluster size distribution. Biofilm spatial coverage, indicative of space availability and exploitation, was consistently higher in the trough than at the crest (Fig. [3](#fig03){ref-type="fig"}A,C). Concomitantly, higher spatial coverage at quasi-equilibrium in the trough (52.5 ± 6.95% coverage) than at the crest (37.2 ± 3.92% coverage) indicates different levels of optimal filling of space in the two microenvironments. Cluster abundance was higher in the trough than at the crest until day 6 when a decline in cluster abundance inversed this pattern (Fig. [3](#fig03){ref-type="fig"}B,D), indicating the coalescence of adjacent clusters into larger but fewer clusters. Cluster coalescence at day 6 may also hasten anisotropic growth as shown in Fig. [2](#fig02){ref-type="fig"}.

![Morphogenesis of biofilms in contrasting flow environments. Temporal dynamics of cluster abundance and coverage at the crest (A,B) and in the trough (C,D). Green and blue symbols refer to observed data, the solid line refers to the best-fit simulation of the model, and the shaded envelope refers to the confidence interval of the simulations. Cluster size distributions as probability density functions at the crest (E) and in the trough (F) for daily sampling points. Highlighted are days with clear shifts in cluster size distributions during proliferation. The size distribution of the seeding material remained largely constant during the growth period.](emi0016-0802-f3){#fig03}

Cluster size distributions (described by probability density functions) and their temporal dynamics provided further information on biofilm morphogenesis. Cluster size distributions at day 1 were characterized by prokaryotic cells (averaging 2.3 μm^2^), algae (e.g. single cells of *Diatoma vulgare*, up to 130 μm^2^), the smallest non-living particles in the size range of prokaryotic cells and various aggregates, even including entire biofilm sloughs from upstream. This size spectrum is comparable with that of particles suspended in aquatic ecosystems (Wotton, [@b55]). The cluster size spectra grew during the experiment because of cell reproduction, deposition of suspended particles and coalescence of adjacent clusters. At the crest, maximal cluster size steadily increased, in accordance with the steady increase of cluster abundance and total coverage (up to days 11--12, Fig. [3](#fig03){ref-type="fig"}E). In the trough, maximum cluster size did not increase further after day 7, following a sizeable decrease of cluster abundance (Fig. [3](#fig03){ref-type="fig"}F).

Size-structured model
---------------------

To explore, besides the apparent physical controls on biofilm morphogenesis, also the potential contributions of demographic processes to cluster dynamics, we developed a size-structured model (Von Foerster, [@b48]; Sinko and Streifer, [@b41]). Our modelling approach is not spatially explicit nor does it contain terms that explicitly describe the hydraulics; however, similar models have been successfully applied to study the dynamics of benthic (Pascual and Levin, [@b33]) and forest (Strigul *et al*., [@b47]) communities, for instance. Our model accounts for deposition of suspended particles, cell reproduction, the fraction of migrating (i.e. migration as a neutral behaviour) cells among adjacent clusters and cluster coalescence (Supporting Information). Model simulations captured the dynamics of observed spatial coverage and cluster abundance (Fig. [3](#fig03){ref-type="fig"}A--D) and of cluster size distributions well (Fig. [4](#fig04){ref-type="fig"} and Supporting Information). The model revealed higher deposition rate in the trough than at the crest (Table [1](#tbl1){ref-type="table"}), which most likely reflects the pronounced vertical flow component in the trough. Cell reproduction rates did not differ in the two microenvironments, which is intuitive given that the model averages over the physiologies of the diverse prokaryotes in the biofilms. These estimates of cell reproduction rates agree well with measured rates across various aquatic ecosystems also including streams (Bott, [@b9]; White *et al*., [@b52]) and hence support the robustness of our model. Cluster coalescence and the fraction of cells migrating over a short range differed in the two microenvironments (Table [1](#tbl1){ref-type="table"}), which underscores the potential relevance of these processes for the diverging biofilm morphogenesis.

![Model simulation of cluster size distribution of biofilms. (A,B) at day 6 and (C,D) at day 13 at the crest and in the trough, respectively. See Supporting Information for the remaining dates.](emi0016-0802-f4){#fig04}

###### 

Estimates of model parameter estimates for biofilm morphogenesis at the crest and in the trough

  Parameter                               Microenvironment   
  --------------------------------------- ------------------ --------------
  Deposition rate, *d* (day^−1^)          2.1 × 10^2^        4.0 × 10^2^
  Reproduction rate, *f~0~* (day^−1^)     1.8 × 10^−1^       1.7 × 10^−1^
  Fractions of migrating cells, *m* (%)   5.2 × 10^−3^       2.9 × 10^−3^
  Coalescence rate, *b*~0~ (day^−1^)      3.6 × 10^−8^       8.9 × 10^−8^

See Supporting Information for further explanation.

To disentangle the impact of parameter variation on the dynamics of biofilm coverage and cluster abundance, we run a sensitivity analysis varying the model parameters and evaluating the resulting effects at the transition from isotropic to anisotropic clusters at day 6 and for a later stage at day 13 (Fig. [5](#fig05){ref-type="fig"} and Supporting Information). Variations of parameters generally support our experimental observations and notion of biofilm morphogenesis. For instance, during the transition phase, deposition rate and, to some extent, also reproduction rate were most influential on coverage and cluster abundance both at the crest and in the trough. As expected, coalescence and the fraction of migration cells were rather negligible for coverage in both microenvironments.

![Results of model parameter variation. The analysis was performed for biofilms at the transition from isotropic to anisotropic growth (day 6) and for matured biofilms (day 13). Variations of biofilm coverage at day 6 (A) and at day 13 (B), and for cluster abundance at day 6 (C) and at day 13 (D) at the crest. (E to H) same as (A to D) but in the trough. In each plot the effects of positive variations (+20%) from the reference parameter sets (Table [1](#tbl1){ref-type="table"} in the main text) are reported in blue, while negative variations (-20%) are reported in red. Note that the parameters are sorted in descending order of their overall impact. *d* is the deposition rate, *f*~0~ is the reproduction rate, *m* is the fraction of cells migrating over a short range, and *b*~0~ is the coalescence rate.](emi0016-0802-f5){#fig05}

At low cluster density (on an areal basis) proliferation is initially driven by external input and growth of particles and cells rather than by their coalescence. At day 13, deposition was no longer the most sensitive parameter, suggesting that other processes drive morphogenesis at this stage. Reproduction rate was most sensitive for biofilm coverage at crest and in the trough, whereas deposition and reproduction were most sensitive for cluster abundance at the crest and in the trough, respectively. The response to parameter variation was relatively consistent for cluster coverage between crest and trough but differed remarkably between both microenvironments for cluster abundance. Here, deposition and the fraction of migrating cells were most sensitive at the crest while reproduction and coalescence dominated in the trough.

We note that parameter variations may lead to non-trivial outcomes of biofilm morphogenesis. For instance, higher reproduction rates may result in lower cluster abundance as biofilms mature. A similar pattern was found with respect to the deposition rate but only for clusters in the trough. These results can be explained by the fact that higher reproduction and deposition rates induce the formation of larger clusters, which in turn increases the rate of coalescence ultimately resulting in a lower number of clusters. It is remarkable that these model outcomes support our empirical observations on the coverage, abundance and size distribution of clusters as fundamental entities of biofilm architecture.

Discussion
==========

The study of the effects of hydrodynamics on biofilm formation and structural differentiation has been at the core of biofilm research (de Beer *et al*., [@b16]; Lewandowski *et al*., [@b26]; Stoodley *et al*., [@b44]; Eberl *et al*., [@b17]; Purevdorj *et al*., [@b37]; Horn *et al*., [@b22]). Our combined experimental and modelling findings expand on those suggesting that hydrodynamics imposes a major physical template on cluster dynamics and resulting biofilm morphogenesis. Biofilms were exposed to the same seeding material from untreated streamwater and had comparable biomass and even comparable bacterial community composition (Besemer *et al*., [@b6]). Remarkably, however, biofilm morphogenesis resulted in diverging architectures in both hydrodynamic microenvironments. Despite quantitative differences of cluster size distributions in the two microenvironments, cluster size distributions were very similar from a qualitative perspective. This observation indicates that few basic processes linked to the different hydrodynamics at the crest and in the trough suffice to impose a major physical template on biofilm morphogenesis. Non-living particles, which contribute significantly to stream biofilms, but also cells with low motility are likely most susceptible to the physical constraints. More motile microorganisms may escape these constraints and contribute to biofilm morphogenesis and resulting structures via migration and coalescence, for instance.

Mesoscale biofilm structures largely shaped by physical processes seem comparable with sand dune formation and other landform patterns (Werner, [@b50]; Bourgine and Lesne, [@b10]; Zhang *et al*., [@b57]). Here, longitudinal dunes may elongate parallel to the prevailing wind, whereas star dunes may result from the combination of individual longitudinal dunes depending on the frequency of wind reorientation (Zhang *et al*., [@b57]). These observations are in line with the concept of biofilms as microbial landscapes, where the interplay between hydrodynamics and substratum topography was postulated to shape biofilm architecture (Battin *et al*., [@b4]).

Multidirectional flow, as prevalent in the trough, allows higher degrees of freedom to the directionality of growing cluster to spread through cell migration and coalescence. This enhances the chance to interconnect with adjacent clusters and may ultimately result in the star-like architecture of larger clusters, which in turn causes the observed decline of cluster abundance in the trough. However, we are presently not able to provide a suitable mechanistic explanation for the onset of this process. In fact, the complexity of stream biofilms entails innumerable biotic interactions, internal elemental fluxes and even feedback loops between microbial heterotrophs and photoautotrophs (Lyon and Ziegler, [@b27]), which altogether would require highly sophisticated modelling approaches. Work on more simple systems such as on *Pseudomonas aeruginosa* biofilms has shown that the coalescence of adjacent cluster with similar pattern formation as observed in our biofilms involves the interplay between cell proliferation, surface-associated motility and the production of extracellular polymeric substances that form the biofilm matrix (Parsek and Tolker-Nielsen, [@b32]; Mabrouk *et al*., [@b28]). Mabrouk and colleagues ([@b28]) suggest that interconnected microcolonies in these *P. aeruginosa* biofilms appear when extracellular polymers are expressed at low rate and persist on the path generated by motile cells.

We suggest that star-like structures as observed in the trough between bedforms optimize the exploitation of space, especially in an environment where turbulent wakes may impede solute replenishment. In fact, given that microbial biomass did not differ between crest and trough, it is reasonable to assume that diverging morphogenesis and concurrently different spatial coverage optimize space in contrasting flow environments. The connection of star-like clusters may ultimately result in quasipolygons as reported from laboratory-based bacterial (Xavier *et al*., [@b56]; Mabrouk *et al*., [@b28]) and stream biofilms (Battin *et al*., [@b3]), and from cyanobacterial mats (Shepard and Sumner, [@b39]). General ecology relates such polygonal shapes to foraging optimality (Covich, [@b15]), which would support that such biofilm structures may be dynamically accessible optimal states frustrated by the physical constraints like the local turbulence structure.

The unidirectional flow at the crest reduces the degrees of freedom to migrating cells and cluster coalescence to spread in space. This constrains cluster anisotropy with elongated shapes characterizing biofilm architecture. Shear stress is higher at the crest because of elevated flow velocity and may induce the higher fraction of cells migrating over short ranges (Table [1](#tbl1){ref-type="table"}). Guided by the unidirectional flow, cells may preferentially settle downstream in the wake of the parental cluster. The reduced capacity of areal growth (as coverage) in this microenvironment is consistent with general ecological theory predicting physical disturbance to reduce growth efficiency (White and Pickett, [@b53]).

Our study suggests that basic physical and demographic processes are sufficient to explain the morphogenesis and resulting higher order structures of biofilms containing high microbial diversity and even non-living particles. This may run counter the view of sociomicrobiology stating that multispecies bacterial biofilms with high cell density result from the balance between cooperation and competition, and that the understanding of this balance is essential to model biofilm formation (Kreft *et al*., [@b25]; West *et al*., [@b51]; Nadell *et al*., [@b31]). The fact that hydrodynamics is a major control on cluster dynamics and resulting biofilm morphogenesis in our study may be attributable to the complex flow environment and flow velocities that reflect natural conditions in streams yet not the environment typically mimicked in flow chambers. However, our experimental results, emphasizing hydrodynamics as a physical forcing, are essentially consistent with mathematical models that predict biofilm architecture from hydrodynamics and related mass transfer phenomena (Cogan and Wolgemuth, [@b12]; Klapper and Dockery, [@b24]). We acknowledge that we have not attempted to study mass transfer in our biofilms and future studies will therefore focus on this aspect, also including metabolic capabilities of biofilms that diverge in architecture. Still, our study, combining physical forces and ecological processes, offers a fresh view on biofilm architectures, which appears universal independent of scale and community complexity.

Experimental procedures
=======================

Hydrodynamic environment
------------------------

A flow landscape typical for streams with low submergence was mimicked in a streamside flume (L: 40 m, W: 0.40 m). Graded and periodically installed bedforms (bottom length: 1 m; width: 0.40 m; ascending slope: 0.75 m; descending slope: 0.25 m; maximum elevation: 0.08 m) sealed with a polyvinylchloride-foil induced variable flow over the whole flume length. The flume was continuously fed in a once-through mode with streamwater (Oberer Seebach) containing the natural microbial inoculum (not characterized). The flow rate was adjusted to 2.25 l s^−1^ with an average flume-scale flow velocity of 0.08 m s^−1^; average residence time of water was 8 min in the flume. The crest and the trough were selected as hydrodynamic extremes. High-resolution ADV (Nortek Vectrino, Norway; side-looking probe) was used to capture the three-dimensional flow velocity over the bedforms. Hydraulic parameters were computed as described in Hödl and colleagues ([@b23]).

Biofilm growth
--------------

We grew biofilms on initially sterile glass slides that were ignited (450°C, 4 h) to remove organic compounds (Hödl *et al*., [@b23]). Replicate glass slides were exposed at the crest and in the trough of repeated bedform. Growth of complex biofilms including bacteria, algae and non-living particles in streamside flumes typically occurs within 2 weeks and reflects the communities in the streamwater (Besemer *et al*., [@b6]; Singer *et al*., [@b40]; Hödl *et al*., [@b23]).

We determined chlorophyll *a* as a proxy for algal biomass and quantified prokaryotic cell abundance of the biofilms on two occasions. Briefly, chlorophyll *a* was extracted with acetone (12 h, 4°C) and assayed fluorometrically (EX435/EM675). Prokaryotic cells were detached (0.025 mmol l^−1^ tetrasodium pyrophosphate, sonication at 40 W), stained with SYTOX (Invitrogen, USA) and counted on a flow cytometer (Cell-Lab-Quanta; Beckman Coulter, USA).

Imaging and image analysis
--------------------------

At each sampling date, triplicate glass slides from the trough and the crest were sampled after the first 24 h of exposure and then daily for the following 13 days of colonization and growth (with exception of day 8). In the laboratory, microphotographs were taken with a compound microscope (60×) with a 3.9 megapixel camera. Twelve individual microphotographs were taken randomly in the central zone of each slide. Dark field microscopy served to visualize clusters and cells. Colour images (2272 × 1704 pixel; 1 pixel = 0.31 μm) were split into the red, green and blue channel. The resulting greyscale images were thresholded and converted to binary images. The binary images where used to compute coverage, cluster abundance, surface area, perimeter and orientation using the ImageJ plugin 'shape descriptors'. The fluorescent nucleic acid stain SytoGreen (Invitrogen) served to differentiate prokaryotic cells from mineral particles. Combining epifluorescence and dark field illumination, we were able to estimate the contribution of organic and inorganic material to individual clusters. Autofluorescence of algal cells was used to determine the size of individual algae.

Size-structured population model
--------------------------------

The theoretical framework for our model describing biofilm cluster dynamics is provided by the Sinko--Streifer model (Sinko and Streifer, [@b41]), which offers a generalization of the widely used Lotka--Von Foerster age-structured model (Von Foerster, [@b48]). Specifically, we formalize a density-dependent age- and size-structured model accounting for a few basic mechanisms that are deemed important for biofilm morphogenesis, namely: (i) deposition of suspended particles (organic/inorganic) from the water column, which can contribute to either the formation of new clusters on bare portions of the streambed or to the growth of existing clusters by inclusion of the deposited material; (ii) cell reproduction, which allows clusters to grow in size; (iii) fraction of cells migrating over short ranges, which allows the exchange of cells among existing clusters, as well as the formation of new clusters; (iv) cluster coalescence as the merging of two existing clusters into a unique larger cluster; and (v) cluster erosion because of the shear effects of the water flow. We assume that each cluster is composed not only of organic cells but also by inorganic matter; the inorganic fraction is not involved in reproduction and migration. Model derivation is detailed in the Supporting Information. To run model simulations, we have implemented an exact stochastic simulation algorithm, which also allows us to account for a closed-form solution for the model outlined earlier.

Therefore, we relied on numerical simulations to study its behaviour. Specifically, we implement an exact stochastic simulation algorithm, which also allows the accounting of the inherent fluctuations and correlations that are necessarily ignored in a deterministic formulation (Gillespie, [@b19]). In order to initialize model simulations, we consider the size spectrum of clusters found at day 1, which is typical of suspended particles in streams (Wotton, [@b55]), as the size distribution of the seeding material from which biofilms can develop. Preliminary simulations of the model have shown that in the range of hydrodynamic conditions observed during the experiment, cluster erosion has no significant effects on biofilm dynamics. Parameter estimation is performed by simultaneously fitting biofilm coverage and cluster abundance (details in the Supporting Information), and is repeated independently for biofilms at the crest and in the trough (Table [1](#tbl1){ref-type="table"}).
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**Supporting Information A.** Isotropic and anisotropic growth.

**Supporting Information B.** The model.

**Supporting Information C.** Model implementation: an exact stochastic simulator.

**Supporting Information D.** Model calibration.

**Fig. S1.** Relationship between cluster surface area and perimeter for clusters in the trough at day 13. For all scaling relationships, the coefficient of determination (*R*^2^*)* was greater than 0.93 and significance (*P*) better than 0.0001. (a) The relationship of area versus perimeter results in an exponent between 0 and 1. Isotropic growth yields an exponent of 0.5. Increasing deviation of an exponent of 0.5 indicates an isotropic growth. Independent of the geometric shape (here circle and square) isotropic growth results in an exponent of 0.5. The example for anisotropic growth in one axis is given by 'square', where the doubling of one axis results in an exponent 0.83. The 'ellipse' is an example of anisotropic growth in both axis with the ratio of 4:1 (a:b), resulting in an exponent of 0.63.

**Fig. S2.** Schematic representation of one iteration of the multi-objective procedure used to calibrate model parameters. (a) Several simulations are run with different parameter sets (blue dots) chosen from broad parameter ranges (grey shading) through Latin hypercube sampling (steps 1--3 of the calibration procedure). (b) The candidate simulations are evaluated according to different objectives (blue dots); then Pareto-efficient candidates are identified (red dots); finally, top-ranked simulations (green dots) are selected (steps 4--6). After these steps, the search space is narrowed down (step 7), and the procedure is repeated until convergence (step 8). Note that the fitting procedure is portrayed here for a generic problem with two tuning parameters and two calibration objectives (e.g. minimization of the *RSS*\'s for two observed/simulated quantities).

**Fig. S3.** Probability density functions of daily size distributions for clusters located at the crest. Red dots: experimental data; blue circles: reference model simulation; grey dots: results from 500 model simulations with parameter values randomly selected from uniform distributions centred around the reference parameter set (±20% variations).

**Fig. S4.** Q-Q plot of modelled versus observed size distributions for clusters located at the crest. The closer the blue crosses to the green line (where model results are exactly equal to experimental observations), the higher the explanatory power of the model. The values of *R*^2^ have been computed as *R*^2^ = 1 − *RSS*/*TSS*, where *TSS* is the total sum of squares of the observations (quantiles of cluster log-sizes).

**Fig. S5.** Probability density functions of daily size distributions for clusters located in the trough (details as in Fig. S3).

**Fig. S6.** Q--Q plot of modelled versus observed size distributions for clusters located in the trough (details as in Fig. S4).

**Table S1.** Chlorophyll-*a* concentration and bacterial abundance at the crest and in the trough at day 4 and day 12 of the experiment. Given are mean values (*n* = 3) ± SD. Both chlorophyll-*a* concentration (paired *t*-test: *t*~*df*:5~ = 2.06, *P* = 0.1) and bacterial abundance (paired *t*-test: *t*~*df*:5~ = 1.13, *P* = 0.31) did not differ significantly between crest and trough.
